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1. Introduction

Fluorescence arguably constitutes the most widely used
experimental approach in the field of protein folding. Hence,
any review of the use of fluorescence to probe protein sta-
bility and conformational dynamics is necessarily incomplete
with respect to the current and past literature. Rather than a
review of the literature, I will attempt to present specific
examples of a variety of fluorescence experimental ap-
proaches, both classical and novel, to the study of protein
folding, with a discussion of the advantages and limitations
of each.

In general, the reason fluorescence has been so widely
applied to studies of protein folding and protein conforma-
tional dynamics stems from three fundamental properties of
this technique. First, fluorescence signals are exquisitely
sensitive to the immediate environment of the probe, which,
under appropriate circumstances (discussed below), changes
drastically upon unfolding. Second, the technique provides
a very high signal-to-noise ratio using relatively small
amounts of material. The high sensitivity of the fluorescence
signal (as low as pM for certain dyes) is particularly useful
for in-depth thermodynamic studies involving multiple ex-
periments under different conditions (solvent, temperature,
pressure, ligand, etc.), because it limits significantly the
amount of material required. It is also useful inφ-value
studies, since the use of fluorescence precludes the need to
produce large quantities of the mutant proteins.1-6 Third, in
addition to the high detection sensitivity of fluorescence, the
time scale of emission is in the nanosecond range. This, cou-
pled with the high signal-to-noise ratio, allows for data acqui-
sition times to be quite fast relative to the time scales for

the folding and conformational transitions. Thus, the experi-
ments are not limited in time resolution by the need to signal
average. Finally, in addition to its obvious advantages in
kinetics experiments, the rapid data acquisition in fluores-
cence is also appreciable (which makes it generally the
method of choice) in the type of in-depth studies mentioned
above, simply because the experiments take much less time.

Despite these clear advantages of fluorescence with respect
to other commonly used techniques in the field of protein
folding, a number of limitations must be recognized as well.
Most generally, fluorescence is a local signal. The fluores-
cence observable in most traditional experiments reports on
the environment directly surrounding the probe. This limits
and complicates the interpretation of the changes in the
fluorescence signal in terms of their structural origin.
Typically, the information one can obtain directly from the
interpretation of the fluorescence parameters is limited to
the degree of exposure of the fluorophore to the solvent and
the extent of its local mobility. In folding studies, it is
necessary to compare the observed fluorescence changes with
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changes in the circular dichroism, FTIR, or, when possible,
NMR spectrum of the protein. This allows one to ascertain
the extent to which the modifications in the local environment
of the fluorescent probe upon folding or unfolding correlate
with changes in the secondary structure of the protein.
Typically, fluorescence is not used directly to infer detailed
structural information about intermediates or pathways in
folding. Rather, the thermodynamic and kinetic parameters
obtained from the fluorescence profiles are themselves
interpreted on a structural level. Two notable exceptions to
the local character of the fluorescence signal are Fo¨rster
resonance energy transfer (FRET) experiments and fluores-
cence correlation spectroscopy (FCS) experiments, which
will be discussed in detail below.

2. Intrinsic Protein Fluorescence
Most proteins contain amino acid residues that are intrinsi-

cally fluorescent: tryptophan, tyrosine, and phenylalanine.
Tryptophan is by far the most useful of the three. Although
large changes in protein conformation clearly modify the
intensity of tyrosine and phenylalanine fluorescence, as well
as the local mobility of these side chains as assessed by ani-
sotropy measurements, their low extinction coefficients and
quantum yields, coupled with the relative lack of environ-
mental sensitivity of their emission energy, render them sig-
nificantly less useful than tryptophan. This actually can be
an advantage because proteins tend to contain fewer tryp-
tophan residues than tyrosine and phenylalanine, and there-
fore, more specific local information can be attained by selec-
tively exciting the tryptophan residues using excitation wave-
lengths of 295 nm or above. I will limit the discussion of
folding using intrinsic protein fluorescence to studies involv-
ing observation of the changes in the fluorescence of
tryptophan residues.

Tryptophan, due to its aromatic character, is often (al-
though not always) found fully or partially buried in the
hydrophobic core of protein interiors, at the interface between
two protein domains or subdomains, or at the subunit
interface in oligomeric protein systems. Upon disruption of
the protein’s tertiary or quaternary structure, these side chains
become more exposed to solvent. Since the excited-state
dipole moment of tryptophan is quite large (∼6 D),7 the
emission energy is highly sensitive to the polarity (and
dynamics) of the environment. Those residues that are fully
or partially buried in the relatively hydrophobic interior or
interfaces of proteins will exhibit blue-shifted emission
anywhere from 309 nm in the azurin protein interior8 to more
typical 335 nm9 in a partially buried configuration. The
spectra of tryptophan in folded proteins are clearly identifi-
able relative to the spectrum of tryptophan when it is exposed
to water with a maximum at 355 nm. In Figure 1 is shown
the structure of an activated mutant of the bacterial anti-
terminator LicT.10 The unique tryptophan residue in the
protein is exposed to solvent in the wild type (WT), whereas,
in a mutant that mimics the phosphorylated form of the
protein (Figure 1a), the tryptophan, shown in purple, is
partially buried at the interface between two domains. One
can see from the spectra in Figure 1b that the emission of
the mutant forms (H207D/H269D) is shifted significantly
to the blue (∼335 nm) with respect to the case of the wild
type (LicT-WT and LicT-PRD), the maximum of which, near
355 nm, corresponds to the spectrum of tryptophan in water.
These observations were used (with others) to propose that
activation of this protein by phosphorylation leads to the

burial of the tryptophan residues by rotating a hinge between
the two subdomains.

While the emission energy of even a partially buried
tryptophan residue in a folded protein will invariably shift
to the red upon unfolding, it is not possible to predict what
the effect of solvent exposure will be upon the quantum yield
(total intensity) of emission. This is due to the fact that the
quantum yield of tryptophan in proteins is difficult to predict.
Several amino acid side chains, as well as the peptide bond,
are efficient quenchers of tryptophan fluorescence through
excited-state proton or electron transfer.11,12Indeed the three
major lifetime values near 5, 2, and 0.5 ns observed for most
tryptophan residues in proteins have been proposed to arise
from differential quenching probabilities of the peptide bond
for the three major side chainø1 rotamers,11-16 although
decay heterogeneity can also arise from solvent or protein
matrix relaxation around the excited state. The values and
importance of these three decay times for any given
tryptophan residue are further modified by the immediate
environment, which can constrain certain rotamer populations
or present particular quenching groups. If no major quenching
or energy transfer to prosthetic groups (heme groups, NADH,
or other trypophan residues) occurs in the folded state, then
one can predict that solvent quenching resulting from
tryptophan exposure upon unfolding will lead to an overall
decrease in the intensity of emission, such as in the case of
the smallâ-barrel protein, P13MTCP1 (Figure 2).17 However,
in cases where strong quenching occurs in the folded
structure, exposure to solvent may actually result in an
increase in overall fluorescence intensity (see the case of
trp99 in the trp repressor in Figure 7B).18 Thus, when
carrying out the first fluorescence-based unfolding study of
any protein, it is best to record the entire spectrum as a
function of the perturbation (denaturant, temperature, pres-
sure, ...). In subsequent studies, particularly in kinetics studies
which require fast data acquisition, typically one sets the
emission monochromator at a single wavelength, preferably
one at which either a large increase or a large decrease in
fluorescence intensity is observed, and then the intensity is
recorded as a function of time after the perturbation (as an
example, see ref 19). Note that the direction of the signal
change depends on the wavelength of observation. For
example, due to the red-shift upon unfolding of P13 (Figure
2), the intensity decreases at 320 nm upon unfolding,
whereas, at 400 nm, an increase in intensity is observed.17

Clearly, one should avoid the isobestic point at∼370 nm.

2.1. Proteins without Tryptophan
Depending upon the protein in question, one may chose a

variety of different strategies to apply to fluorescence-based
folding studies. A few proteins do not contain any tryptophan
residues. The best approach in this case is to substitute a
tryptophan residue in place of a tyrosine residue. The circular
dichroism and (when possible) the HSQC spectra of the WT
and mutant proteins should be compared, as well as their
CD-based unfolding profiles in order to ensure that the
substitution has not modified significantly the structure,
stability, and folding properties of the protein. This approach
has been quite successful in the case of the IgG binding
domain of protein L fromPeptostreptococcus magnus.20

Figure 3 shows the folded and unfolded state spectra of the
WT protein L (containing several tryrosine residues) and that
of a mutant protein L in which tyrosine 43 was substituted
by tryptophan. Also apparent in Figure 3 is the remarkable
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difference in total fluorescence emission (alluded to above)
between (several) tyrosines and the one tryptophan, in
addition to the much more significant changes observed upon

Figure 1. (a) Structure of the regulatory domains of an activated mutant of LicT (tryptophan residues are in purple); (b) intrinsic fluorescence
emission spectra of the WT and activated mutant forms. (Reprinted with permission from ref 10. Copyright 2001 Elsevier.)

Figure 2. Intrinsic tryptophan emission of P13MTCP1 in buffer (full
line) and 3 M guanidine hydrochloride (dotted line). (Reprinted
with permission from ref 17. Copyright 2001 Elsevier.)

Figure 3. Intrinsic emission spectra of WT protein L (circles) and
the Y43W mutant (squares) under native (closed symbols) and
denaturing (open symbols) conditions. (Reprinted with permission
from ref 20. Copyright 1997 American Chemical Society.)
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unfolding for the tryptophan containing protein. Not only
did the Baker group compare the CD and NMR properties
of the WT and trp substituted proteins, but they went on to
determine the crystal structure of the mutant protein (Figure
4), which exhibited some packing differences in the core
compared to the WT structure. Fortunately, the Yf W
substitution made little difference to the overall stability and
unfolding properties of the protein. Baker’s group has used
this mutant protein L in a significant series of studies probing
the fundamental principles of protein folding.20-26 In par-
ticular, these authors have examined the relationships
between sequence and stability, the nature of the transition
state, the role of entropy and topology in defining the folding
parameters, and the fundamental thermodynamics that control
the folding of this protein.

Another approach is to use tryptophan scanning mutagen-
esis to place single tryptophan residues at various positions
in the protein as a means of probing the local unfolding in
different domains or subdomains. One should be aware,
however, that the replacement of an amino acid by tryptophan
can lead to changes in the stability27 and even in the
cooperativity of unfolding. Thus, relatively complete struc-
tural and thermodynamic analyses of each of the tryptophan
substitution mutants is required, and even so, the comparisons
between folding domains that one can make from such
studies are often limited by the perturbations brought about
by the mutations.

2.2. Single Tryptophan Proteins
Some proteins contain a unique tryptophan residue. In this

case, information about the solvent exposure of this unique
tryptophan, and thus the structural integrity of the surround-
ing environment, can be obtained directly. Staphylococcal
nuclease (Snase) (Figure 5) is one such protein. Since the
pioneering work of Anfinsen,28 this protein has served as a
model for a large number of folding studies, about half of
which have been based on the changes in the fluorescence
of its single tryptophan residue. Interestingly, this residue at
position 140 is the last to be ordered in the crystal structure,29

yet it exhibits almost no local rotational motion in the native
state, and its emission spectrum, with a maximum near 335
nm, corresponds to that of a fairly buried tryptophan.
Tryptophan 140 in Snase is also, along with serine 141, key
to the formation of a compact, folded native structure,30,31

an observation which highlights the recurrent role of tryp-
tophan in providing protein structural stability.

Thus, as in many cases, the unfolding of Snase can be
studied by fluorescence intensity, emission energy, and/or
anisotropy if care is taken to factor in the changes in quantum
yield for the latter two observables.32 The advantage of single
tryptophan containing proteins is that one need not attempt
to assign the fluorescence signal and any observed changes
in that signal upon unfolding to the different tryptophan
residues in the protein. However, a distinct disadvantage
resides in the fact that a single tryptophan residue provides
information about the structural integrity of its immediate
environment. For single tryptophan proteins containing
multiple domains or subdomains, or which populate partially
folded intermediates, the fluorescence signal often fails to
report on these phenomena if they involve regions of the
protein that are distant from the single tryptophan. Thus, if
one seeks information concerning other regions of the
protein, the unique tryptophan can be substituted, preferably
by tyrosine, in order to preserve to the extent possible the
WT stability and folding properties, and another tryptophan
can be placed at alternative positions in the structure. A recent
study of Snase using this approach33 revealed an early folding

Figure 4. Stereoview of ribbon model overlays of the WT* form (green) and the WT NMR-derived solution #1 model (orange). The
proteins exhibit the same overall fold, although the main-chain rmsd is 1.46. Major differences occur in the loop regions as well as the
N-terminus ofâ-strand 4. The side chains for residues Y47/W47, Y34, and I60 are shown. (Reprinted with permission from ref 96 (http://
journals.iucr.org/). Copyright 2001 The International Union of Crystallographers.)

Figure 5. Ribbon representation of the 3-D structure of nuclease.29

Note that the tryptophan residue (purple) is the last residue in the
sequence that exhibits order.
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intermediate involving theâ-barrel region of the protein. It
is important, as was done in this study, to verify, using
alternative techniques, that the same intermediate forms in
the WT protein and is not the result of the mutation.

2.3. Multiple Trytpophan Containing Proteins
Most commonly, one is confronted with proteins contain-

ing two or more tryptophan residues. This situation can be
considered both advantageous and limiting. With tryptophan
residues distributed throughout the 3-D structure, non-2-state
folding behavior is more readily detected. Assigning par-
ticular phases of the transitions to specific tryptophan
residues, and thus to specific domains or regions of the
structure, is often possible. One approach is to carry out
emission wavelength-dependent studies of the fluorescence
decay as a function of denaturant concentration. These
experiments can be referred to as unfolding DAS, or UDAS,
where DAS refers to decay associated spectra.34,35Although
each tryptophan typically will exhibit at least two, and often
more, decay times or lifetimes (generally around 5, 2, and
0.5 ns), it is also true that in proteins the contributions of
these individual decay rates to the overall decay of each
tryptophan are often very different. Hence, although one can-
not assign each of the DAS to an individual tryptophan resi-
due, if there are only two or three tryptophan residues in the
protein, each of the DAS is often dominated by contributions
from only one of them. Usually, to unequivocally assign the
unfolding phases to individual tryptophan residues, one needs
to substitute the tryptophan residues by mutagenesis (typi-
cally by tyrosine or phenylalanine to minimize the perturba-
tions), leaving only one at a time, and carry out the unfolding
studies of each mutant. The first such study was carried out
on thetrp repressor dimer unfolding transition.18,36,37

The trp repressor contains two tryptophan residues per
monomer (Figure 6). Trp 19 (blue) was shown to be quite

blue-shifted and to exhibit decay components of near 4-5
and 2 ns, whereas the fluorescence of trp 99 (red) is much
redder and is dominated by the short 0.5 ns component. The
WT type fluorescence is very close to a weighted sum of
the decays of the two mutants. Upon unfolding, the WT pro-
tein’s fluorescence emission shifts to the red and the intensity
increases. For the WT and the mutant proteins, the fluores-
cence decay was measured at multiple emission wavelengths
and at each concentration of denaturant. Then the DAS were
calculated from the fractional intensities of the decays and
the total fluorescence spectrum.35 The steady-state studies

of the single trp mutants revealed that the red-shift observed
for the WT protein was due primarily to the exposure of
tryptophan 19 to solvent (Figure 7A), whereas the intensity

increase arose from the dequenching of residue 99, which
was highly quenched in the folded state (Figure 7B).

The evolution of the DAS for the two mutant proteins as
a function of urea concentration reveals that the emission
from trp 19 (Figure 8A) is almost entirely due to a component
at 4.25 ns, that is highly blue-shifted in the native state but
which shifts red and loses total intensity as the protein un-
folds, whereas the fractional contribution of the 0.75 ns com-
ponent increases with increasing urea. In the case of trp 99,
the fluorescence of the folded state is dominated by a short
component at 0.57 ns, whose contribution decreases in favor
of components at 5 and 2.4 ns (Figure 8B) as the protein
unfolds. The proteins that I have studied to date in terms of
the dependence of the fluorescence decay upon denaturant
concentration exhibit this type of behavior.17,38 Indeed, the
values of the lifetime components do not change significantly
upon unfolding. Rather, their fractional contributions are
dependent upon the denaturant concentration. This is not an
artifact of the global analysis of the data, since the results
are nearly identical in single curve analyses. And in fact,
the three typical components near 0.5, 2, and 5 ns are those
observed for unstructured tryptophan containing peptides.

These observations of the dependence upon unfolding of
the time-resolved fluorescence properties of tryptophan in
proteins provide support for the notion that while dynamics
surely contributes to some extent, to the heterogeneity of
tryptophan emission, the fundamental basis for the three
observed lifetimes lies in the population of the three rotamers
around the CR-Câ bond.11-14,16,39 Indeed, the fractional
populations (as opposed to fractional intensities) of the three
lifetimes are often close to equivalent (∼33%) in unfolded
proteins and unstructured peptides, consistent with similar
relative energies and thus equal population of the three
rotamers in the absence of secondary and tertiary structure.

Figure 6. Ribbon diagram of the crystal structure of thetrp
repressor.98 The tryptophan 19 side chains from both subunits are
red, and those corresponding to tryptophan 99 e are blue.

Figure 7. Steady-state spectra as a function of urea concentration
for (A) trpR W99F and (B) W19F mutants. Increasing numbers
correspond to increasing urea concentration. Insets: Urea unfolding
profiles based on the average emission wavelength. (Reprinted with
permission from ref 18. Copyright 1993 The Protein Society.)
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3. Extrinsic Dyes

3.1. Folding Intermediates Studied with ANS
In 1954, Weber and Laurence40 published a study in which

they demonstrated that the quantum yield of 1-anilino-
phthalene-8-sulfonic acid (ANS) in water (0.004) increased
enormously (to 0.75) when bound to bovine serum albumin
(BSA). Weber went on in 1963 to use this property of ANS
to investigate the origin of the acid expansion of BSA.41

Hence, Weber was the first to use this probe to monitor the
acid-induced unfolding of a protein. Later, Stryer42 showed
that ANS would bind to the heme pockets of apomyoglobin
and apohemoglobin. Turner and Brand43 provided a quantita-
tive estimation of the polarity of different protein binding
sites for several arylaminonaphthalene sulfonates by measur-
ing the emission energy of the bound probes. Since these
early experiments, ANS has been copiously used to identify
equilibrium and kinetic intermediates in protein folding
studies. While ANS has proven quite useful in the charac-
terization of the populated intermediates in protein folding,
the structural information that can be gleaned from such
studies is often rather vague and must be complemented by
data from circular dichroism, NMR, FTIR, or other structural

techniques. Another example of the use of ANS to identify
folding intermediates can be found in the study by Goto and
Fink44 on the high salt acid and alkaline denatured states of
â-lactamase. Both the large increase in quantum yield of
ANS and the significant blue-shift upon protein binding
previously reported are apparent in the spectra in Figure 9.

One of the early kinetic studies using ANS was on the
folding of thetrp repressor45 and revealed that, in the dead-
time of the mixing, a significant amount of ANS binds to
the protein (compare the intensity at 0 time in Figure 10 to

that of free ANS). However, as was shown subsequently
using a comparison of the WTtrp repressor with a super-
repressor mutant AV77, native WTtrp repressor is not
completely folded.46-48 The valine in place of the alanine at
the N-cap position of the D helix stabilizes the helix turn
helix domain of the mutant. In the case of WTtrp repressor,
ANS, therefore, binds not only to the early folding interme-
diate but also to the native apo-protein. Thus, the upper trace
in Figure 10 shows not only the burst phase binding to the
early intermediate but also an exponential increase in ANS
fluorescence as the probe binds to the partially unfolded

Figure 8. DAS as a function of urea concentration for (A) trpR
W99F and (B) W19F mutants. Increasing numbers correspond to
increasing urea concentration. (Reprinted with permission from ref
18. Copyright 1993 The Protein Society.)

Figure 9. Spectrum of ANS in the presence ofâ-lactamase at (A)
pH 1.7 and (B) pH 12: (1) no added salt; (2) 0.6 M salt; dotted
lines correspond to the spectrum of ANS in the absence of protein.
(Reprinted with permission from ref 44. Copyright 1989 American
Chemical Society.)

Figure 10. Stopped-flow fluorescence of ANS and thetrp repressor
in a refolding experiment. (Reprinted with permission from ref 45.
Copyright 1993 American Chemical Society.)
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tryptophan binding site as the native protein is formed. In
the presence of indole acrylic acid, which binds to the
tryptophan binding site with high affinity and also orders
the structure, like tryptophan, this second exponential phase
of increasing fluorescence is not seen. Rather, after the initial
burst phase, the ANS intensity actually decreases, indicating
that as the fully folded, liganded native state forms, the ANS
is ejected from the protein (Figure 10).

This transient binding of ANS is even more evident in
the case of dihydrofolate reductase (DHFR),49 because the
native state of this protein does not bind the dye. In Figure
11 is seen an acrylamide quenching study which actually

reveals two types of ANS binding sites on the protein, a
burst phase site which is highly sensitive to acrylamide
concentration, and another site transiently populated on a
time scale of hundreds of milliseconds for which the Stern-
Volmer quenching constant is significantly smaller. It is also
interesting to note that for DHFR (as in most cases) the
amplitude of the burst phase ANS intensity decreases in a
sigmoidal fashion with increasing denaturant concentration
(Figure 12), consistent with the population of an intermediate

that is destabilized by the denaturant. Thus, although ANS
fluorescence does not provide detailed information about the
structure of folding intermediates, it presents the advantage
of being able to identify them and characterize the kinetics
of their population.

3.2. Folding by FRET
Förster resonance energy transfer (FRET) represents one

of the few fluorescence-based approaches to protein folding
studies that does not report on local structural and dynamic
properties but rather provides relatively long-distance infor-
mation. Because of this property, FRET is particularly useful
in characterizing the compaction of the protein chain. FRET
is based on the dipolar coupling between the emission dipole
of a donor probe and the absorption dipole of an acceptor.
With appropriately chosen FRET dye pairs, upon excitation
of the donor, FRET results in a quenching of the donor
emission and sensitized emission from the acceptor. The
probability of this dipolar coupling is dependent upon the
sixth power of the distance between the probes (among other
things). For the commonly used fluorophores, the distance
for 50% transfer, orR0, is typically around 50-100 Å and
depends on the refractive index,n, the relative orientation
of the donor and acceptor,κ2, the quantum yield of the donor,
QD, and the overlap integral,J, between the emission of the
donor and the absorption of the acceptor.

Since the FRET efficiency〈E〉 measured by the steady-state
intensity, I, or fluorescence lifetimes,τ, of the donor only
and the donor in the presence of acceptor is such a sensitive
indicator of the distance〈R〉 between donor and acceptor on
a distance scale of tens of angstroms, this technique is very
well suited to measuring changes in distances between two
positions on objects the size of proteins and protein
complexes. For a detailed review of the fundamentals of the
FRET technique, see ref 50.

One of the most thorough studies of protein folding using
FRET is that by Lilloet al.on yeast phosphoglycerate kinase
folding (Figure 13).51,52It is clear from these in-depth studies
that the most difficult and time-consuming aspects of FRET

Figure 11. Time-dependence of ANS fluorescence from stopped-
flow refolding studies of DHFR as a function of increasing
acrylamide concentration (higher acrylamide concentration corre-
sponds to lower intensities). (Reprinted with permission from ref
49. Copyright 1994 American Chemical Society.)

Figure 12. Burst phase intermediate ANS intensity as a function
of increasing denaturant. (Reprinted with permission from ref 49.
Copyright 1994 American Chemical Society.)

Figure 13. Schematic representation of the structure of yeast PGK
(pdb enty 3PGK) showing the position of the residues mutated to
cysteine. (Reprinted with permission from ref 51. Copyright 1997
American Chemical Society.)

R0 ) 0.22(n-4QDK2J)1/6 (1)

R ) R0(1 - 〈E〉
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folding studies are the biochemistry and the data analysis,
with the actual FRET experiments being somewhat trivial.
To obtain an overall picture of the unfolding of this protein,
six double cysteine mutants (and five single cysteine mutants)
were constructed and singly or doubly labeled with donor
and acceptor. The purified double mutants were labeled
individually with a fluorescence donor. These singly donor
labeled species were separated from unlabeled and doubly
labeled species by anion exchange chromatography. In
particular, species singly labeled by donor at positioni could
be separated from species singly labeled by donor at position
j. The singly labeled double cysteine mutants were then
labeled with acceptor on the remaining cysteine and puri-
fied from species unreacted with acceptor in the same
manner. Singly labeled single and double mutants served as
donor only and acceptor only controls in the FRET experi-
ments.

The donor labeling was carried out with IAEDANS, or
5-[[[(2-iodoacetyl)amino]ethyl]amino]naphthalenesulfonic
acid), and the acceptor was IAF (iodoacetoamidofluorescein).
The R0 values were calculated using the absorption and
emission spectra, the quantum yields, and anisotropy values
of the two probes for the six combinations of DA pairs, and
they ranged from 42 to 55 Å for the folded structures. Figure
14 shows the distance distributions obtained from the analysis

of the time-resolved fluorescence intensity decay of the
donor only and donor acceptor emissions from the six
different FRET pairs.53 All but the 290-412 pair exhibited
distances in agreement with those obtained from molecular
dynamics simulations. It was also essential for these studies
to ascertain that neither the mutations nor the fluorescent
dyes significantly altered the folding properties of the protein.
In Figure 15, the overlap of the unfolding profiles from
multiple fluorescent observables for the six DA pairs
confirms this requirement. In particular, the profile obtained
from the decrease in FRET efficiency overlaps that obtained
from the intrinsic tryptophan emission for all of the FRET
pairs.

These authors went on to carry out stopped-flow kinetics
unfolding experiments on all six of the DA pairs (Figure
16).52 The time-dependent changes in FRET efficiency for
each allowed the authors to demonstrate that the unfolding
of PGK is a multistep process in which the transition from
the native state to the first intermediate involves bending of
the hinge between the two domains, such that they separate

by a distance of about 15 Å. This step is followed by a tran-
sition to the I2 intermediate, and finally the unfolded form.
Since these studies were published, a number of others have
appeared in the literature using FRET to study protein, as
well as RNA, folding. Few, however, have provided the level
of in-depth verification and care presented in the studies by
Lillo and co-workers.

One notable exception is a very complete FRET study on
the folding bovine pancreatic Rnase A54 (Figure 17), in which
four tryptophan residues and seven cysteines were inserted
by site-directed mutagenesis and the non-native cysteines
were labeled with coumarin to create tryptophan to coumarin
FRET pairs. This strategy reduces the complexity of the
biochemical separations of the donor acceptor pairs since
only the single tryptophan and single cysteine mutants are
labeled, with only the cysteine being reactive (Figure 17).
Figure 18 shows the changes in distance distributions of four
of the FRET pairs as a function of increasing concentration
of guanidine hydrochloride (GuHCl). These studies allowed
the authors to characterize a multistep folding transition and

Figure 14. Recovered energy transfer distance distributions from
the global analysis of the time-resolved decays of D-PGK and
D-PGK-A. The predicted dye-to-dye distances from MD simulations
(diamonds) are shown for comparison. (Reprinted with permission
from ref 51. Copyright 1997 American Chemical Society.)

Figure 15. Unfolding of PGK monitored by tryptophan emission
from D-PGK and D-PGK-A (circles and squares), AF emission
from D-PGK-A (inverted triangles), AEDANS emission from
D-PGK (triangles), and FRET efficiency from D-PGK-A (dia-
monds) for all six FRET pairs. (Reprinted with permission from
ref 51. Copyright 1997 American Chemical Society.)

Figure 16. Stopped-flow FRET distances for the six FRET pairs
of PGK. (A, 202-412; B, 135-412; C, 412-75; D, 290-412; E,
135-290; F, 75-290). (Reprinted with permission from ref 52.
Copyright 1997 American Chemical Society.)
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to identify a compact state devoid of any secondary structure
yet containing the general structural framework of the folded
state. Rapid collapse preceding the rate-limiting step in
folding was also evident from FRET-based studies of the
folding of cold shock protein.55 These authors employed
tryptophan-AEDANS FRET pairs, placing the AEDANS
on cysteine residues engineered onto the surface of this
protein. This energy transfer pair withR0 values near 22 Å
was well-suited to the study of the folding of this small
protein. Again, the lack of effect of the mutations on the
folding parameters was verified.

4. Ultrafast Folding by Fluorescence
How fast can folding be? A recent review suggests that

even the ultrafast folding proteins that have been studied to
date could be engineered to fold even faster.56 The high
sensitivity and nanosecond time scale of fluorescence make
this technique ideal for following the microsecond, and even
sub-microsecond, events implicated in folding. As part of
their search for the folding speed limit, the Gruebele group
set up a laser T-jump apparatus to carry out ultrafast folding
experiments by refolding small proteins from a cold dena-
tured state and monitoring the changes in their intrinsic
tryptophan fluorescence (e.g., Figure 19).57,58Soon after these
studies appeared, Thompson and co-workers used a laser
temperature-jump apparatus to rapidly unfold a small helical
peptide labeled with the extrinsic probe 4-(methylamino)-
benzoic acid (MABA) (Figures 20 and 21).59

Since these earlier studies using steady-state fluorescence
were published, the Greubele group has implemented laser
T-jump induced folding coupled with ultrafast acquisition
of fluorescence lifetimes60 (also known as double kinetics
experiments) in which one collects nanosecond decay profiles
every few microseconds. Recently, this approach has been
applied to the study of an extremely fast folding protein,61

fragment 6-85 of the λ repressor, which exhibited rates
under 2 ms, the fasted folding for a protein measured to date.
These ultrafast folding experiments based on fluorescence
have provided fundamental information about the physical
limits of the process. It is important, however, when making
these measurements, that one carry out a thorough charac-
terization of the basis for the fluorescence changes that are
observed, since the signal-to-noise ratios on these time scales
are relatively low.

5. Correlation Spectroscopy and Folding
Single molecule studies represent an approach that should

allow examination of the heterogeneity of folding reactions

Figure 17. Positions of the four inserted tryptophan residues and
the seven inserted cysteine residues in the Rnase A structure.
(Reprinted with permission from ref 54. Copyright 2002 American
Chemical Society.)

Figure 18. FRET distance distributions at different GuHCl concentrations for doubly labeled RNase A mutants in the reduced native (Rn)
and (U) unfolded states. The distances were also determined in the unfolded, oxidized state (Oxi 6M GdnHCl). (Reprinted with permission
from ref 54. Copyright 2002 American Chemical Society.)
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by comparison of trajectories of multiple single molecules
as they fold. Again, given its sensitivity and time scale,
fluorescence detection techniques have been largely imple-
mented in these single molecule approaches. In particular,
FRET has been used in a number of single molecule folding
studies of proteins and RNA.62-66 Most of the published
single molecule folding studies concerning nucleic acids or

proteins use histogram and burst analysis of intensity
trajectories to characterize the dynamic properties of the
system. To follow single molecules over time, they are often,
although not always, attached to a surface. However, since
single molecule folding is the subject of another review in
this series, it will not be covered in the present review.
Rather, this review will discuss folding studies using
fluctuation spectroscopy, which, although similar to single
molecule studies, takes advantage of the time resolution and
sensitivity of fluorescence to characterize the dynamic
properties of ensembles.

Fluorescence correlation spectroscopy (FCS), which is
based on the correlation of the fluctuating intensity signal
from the fluorescent dye, allows characterizing conforma-
tional dynamics on the microsecond to second time scale,
which corresponds to the time scale of protein conformational
changes and folding events. Although this approach has not
been widely used to date, preliminary results from a number
of laboratories, as well as a few published results, suggest
that this technique may be quite valuable. To observe protein
conformational fluctuations using correlation spectroscopy,
one needs to design an experiment such that the conforma-
tional change gives rise to a change in the intensity of one
or more fluorescent dyes. Analysis of the autocorrelation
function,G(τ), of the fluorescence intensity time traces,F(t),
allows for the measure of the time constant of any event
that causes the intensity to fluctuate.67-69 For recent reviews
of the FCS technique, see refs 70-72.

For molecules freely diffusing in and out of the small
observation volume (either detection using one-photon con-
focal FCS or excitation using two-photon FCS), fluctuations
can be analyzed for the diffusion coefficient, the concentra-
tion, and any other process, such as quenching or FRET or
photophysical events such as blinking, that cause fluctuations
in the observed intensity. The analysis is carried out by cal-
culating the autocorrelation functionG(τ) from the fluctua-
tions of the fluorescence intensity as a function of timeδF(t).

In the case where the only fluctuations that are observed
arise from uncorrelated noise and the diffusion of the
fluorophore in and out of the volume, then the correlation
function can be used to determine the translational diffusion
time, τd.

The diffusion timeτd is inversely proportional to the diffusion
coefficient,D,

wherer0 andz0 define the effective volume of observation.

In the case of additional dynamics resulting in intensity
fluctuations,

Figure 19. Transient from the folding of horse apomyoglobin after
a laser T-jump. The inset (B) shows the response of free tryptophan.
(Reprinted with permission from ref 58. Copyright 1993 National
Academy of Sciences, U.S.A.)

Figure 20. Structure of the helical peptide whose unfolding was
followed by rapid laser T-jump. (Reprinted with permission from
ref 59. Copyright 1997American Chemical Society.)

Figure 21. Ultrafast fluorescence intensity kinetic traces after laser
T-jumps of (a) 265-275 K, (b) 273-293 K, and 303-319 K.
Relaxation times obtained from fits of the data to single exponential
decays were on the order of tens of nanoseconds. (Reprinted with
permission from ref 59. Copyright 1997 American Chemical
Society.)
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GD(τ) corresponds to the diffusion part of the correla-
tion function andø(τ) to the dynamics between states A
and B

In this caseτF is the relaxation constant,

wherekA andkB are the rate constants of conversion from B
to A and A to B, respectively, andF is the fractional
population of state A.

The relative values of the relaxation time and the diffusion
time determine the extent to which they can be resolved in
an FCS experiment. Fluorescence correlation spectroscopy
(FCS) studies rely on fluorescence from dye pairs that avoid
UV excitation due to the laser sources and microscope optics
necessary for these experiments. Typical dye pairs used
include Cy3-Cy5, or pairs of Alexa fluorophores (A488-
A546 or A488-A568), as well as the more traditional
fluorescein-rhodamine pair.R0 values for these FRET pairs
range between 50 and 100 Å, yet in most cases these pairs
have been sensitive to the folding transitions, even of rather
small proteins and ribozymes.

5.1. Conformational Dynamics
In one of the first studies using FCS to observe confor-

mational dynamics, a cysteine mutant (V60C) of the fatty
acid binding protein (FABP) was labeled with fluorescein
(V60Flu)73 (Figure 22). In Figure 23 the improved fit of the
autocorrelation function of V60Flu FABP to a model
including a 35µs dynamic intensity fluctuation component
in addition to the diffusion coefficient is evidenced by the
more random character of the residuals. The amplitude of
the conformational fluctuation was found to decrease upon
acid unfolding of the protein, consistent with the notion
that this fluctuation corresponded to a normal mode of the
folded structure. A similar, more recent application uses
the cross-correlation between donor and acceptor fluoro-
phores in a FRET experiment on the conformational dynam-
ics of syntaxin 1,74 fitting in the same manner the cross
correlation function for a diffusion and a conformational
dynamics component. Interestingly, in these experiments,
the observed dynamics around 800µs were significantly
slower than the diffusion. Such behavior has been observed
in FCS folding experiments on the smallâ-barrel protein
P13MTCP1 (C. Royer, unpublished) and in the calcium-
dependent fluctuations in the calmodulin conformation.75 A
recent ultrafast FCS study of the small trp cage protein by
tryptophan quenching of a covalently bound extrinsic dye
revealed a collapsed intermediate under native conditions.99

As for all fluorescence observables, one must use caution in
interpreting these changes, and it is particularly important
to carry out all the more classical fluorescence approaches
in order to thoroughly characterize the changes that are
observed. Assigning fluorescence intensity fluctuations to

particular dynamic modes in proteins should be done with
the utmost caution.

5.2. FCS, Folding, and Aggregation
One of the major goals in the field of protein folding is

elucidating the factors that control the process of folding vs

G(τ) ) ø(τ)GD(τ) (8)

ø(τ) ) (1 - F + Fe-t/τF) (9)

τF ) 1
kA + kB

(10)

F )
kA

kA + kB
(11)

Figure 22. Crystal structure of the FABP showing the position of
the V60C mutation and the two fluorophores likely responsible for
the quenching of the fluorescein label at position 60. (Reprinted
with permission from ref 73. Copyright 2002 National Academy
of Sciences, U.S.A.)

Figure 23. Autocorrelation function and residuals of the simple
diffusion model and an additional dynamics model for V60Flu
FABP. (Reprinted with permission from ref 73. Copyright 2002
National Academy of Sciences, U.S.A.)
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aggregation. Indeed, amyloid diseases (about 20 are known
to date, such as Alzheimer’s disease, Parkinson’s disease,
type II diabetes, and bovine spongiform encephalitis) involve
the accumulation of specific protein aggregates in various
organs and tissues.76 Contrary to the well-known differences
in the three-dimensional structures of the native forms of
these proteins, their aggregation leads to the formation of
very similar fibers exhibiting crossâ X-ray diffraction
patterns characteristic of structures containingâ-sheets whose
axes run perpendicular to the fibril axis. While each disease
involves a specific protein aggregate, it appears fromin Vitro
studies that any protein, under appropriate conditions, can
undergo the structural transition to amyloid fibers.77 Key to
the transition is exposing hydrophobic surfaces to solvent
by forcing the population of partially folded intermediates,
either by placing the protein under specific solvent condi-
tions, by limited proteolysis, or by site specific mutations.
Amyloid diseases are often hereditary because certain
mutations favor the aggregation process over folding. The
process of forming the amyloid fibers generally exhibits a
lag phase, which can be shortened by the addition of
preformed aggregates, followed by a phase of rapid growth.
Amyloidogenesis apparently proceeds by the formation of
soluble oligomers, followed by their assembly into pre-
fibrillar aggregates (some annular, some beadlike), then
protofibrils, and finally mature amyloid fibers. It is not
clear which species are predominant during the lag phase
and more importantly which are responsible for the various
pathologies.

FCS is particularly well-suited to the characterization of
protein oligomers and aggregates. For example, in fluores-
cence anisotropy measurements which allow for the deter-
mination of the rotational diffusion coefficient of the labeled
molecules, the size of the observable oligomers is limited
by the lifetime of the fluorophore. Typical dyes exhibit
lifetimes on the order of a few nanoseconds, such that
rotational correlation time values greater than 50 ns (corre-
sponding to a globular protein of 125 kDa) are generally
beyond the limits of the technique. On the other hand, the
size of the oligomers observable by FCS is not limited by
the fluorescence lifetime. Thus, although the translational
diffusion coefficient measured by FCS increases only with
the cube root of the molecular weight, rather than linearly
as in the case of rotational diffusion measurements, for large
aggregates, FCS is much more sensitive. Compared to
analytical ultracentrifugation, which also is based on trans-
lational diffusion, FCS is much faster and requires consider-
ably less material. Since FCS measurements can be made in
a few seconds, and in flow devices, the kinetics of aggrega-
tion can be assessed. Finally, FCS measurements can be
made inside living cells.78 As seen in Figure 24, rather than
simply providing a global view of the aggregation process,
the diffusion curves can be analyzed in terms of several
discreet diffusing species.79 Such measurements can be quite
useful in characterizing the transitions from soluble oligo-
mers, to prefibrillar aggregates, to fibers.79,80 Again, since
these measurements can be madein ViVo, one may be able
to follow formation of amyloid fibers in the cellular
environment. Such an approach could also be extended to
the study of viral assembly.

6. Folding in Vivo Using Fluorescence
Much progress has been made in the last 10 or 15 years

in defining the factors that control protein folding and sta-

bility. The protein folding reaction and energy landscape are
reasonably well-understood, on both an experimental and
theoretical level. Our ability to predict protein structure, not
only by homology modeling but alsoab initio, has progressed
considerably, as well. The next step, from understanding
folding to understanding the links between folding and func-
tion, has been undertaken. Despite this undeniable progress,
characterizing protein folding and stabilityin ViVo remains
a key challenge to the folding field. As has been the case in
the past forin Vitro studies of protein folding, fluorescence
will undoubtedly play a major role in future investigations
of the fate of proteins in the cell. Indeed, fluorescence
microscopy represents the principle method of observation
of cellular processes. The advent and constant innovation
of new tools such as laser-scanning confocal and two-photon
microscopy, FCSin ViVo, and single particle tracking and
the development and refinement of new fluorescent probes
including the fluorescent proteins,81,82 FlaSH and ReASH83

dyes, and quantum dots84,85 hold enormous promise for the
future of the application of fluorescence methodologies to
characterizing protein folding and stabilityin ViVo.

While the study of protein foldingin Vitro certainly has
presented its fair share of challenges and technical and
theoretical difficulties, tackling the protein folding problem
in ViVo (taken here to refer to studies in live cells) presents
a far more complex set of issues. As for the situationin Vitro,
protein foldingin ViVo implicates the primary sequence of
the protein, coupling or uncoupling of domain folding,
coupled folding and assembly of protein oligomers, and
competing aggregation reactions. Moreover, in addition to
these complications, foldingin ViVo implicates a number of
other processes and biomolecular partners such as coupled
translation and folding, the intervention of chaperones,
translocation, export and targeting machinery, proteasomes,
and degradation signals. Taken together, these complexities
can make the idea of studying protein foldingin ViVo appear
a daunting task indeed.86,87This complexity not withstanding,
significant advances have been made recently in character-
izing the folding phenomenon within the cell. These advances

Figure 24. Autocorrelation of Cy5 labeled fibrinogen after
activation with thrombin. Analysis yielded diffusion times of 0.11,
0.97, and 2.4 ms. (Reprinted with permission from ref 79. Copyright
1999 Elsevier.)
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have generally been based on studies using, among other
approaches, fluorescence-based techniques.

A clever scheme for monitoring protein associationin ViVo
was developed by Kerppola and co-workers.88 These inves-
tigators took advantage of the fact that the maturation of the
fluorophore in the naturally fluorescent proteins (GFP, YFP,
etc.) only occurs after folding and that the mixing of the
N-terminal and C-terminal halves of these proteins leads to
folding and generation of the fluorophore. Coexpression of
fusion proteins of heterodimers, with one partner fused to
the C-terminal half of the yellow fluorescent protein and the
other heterodimer partner fused to the N-terminal half, results
in strong fluorescence upon interaction of the two partners
in the cell (Figure 25). In Figure 26 the coexpression in Cos-1

cells of the APl heterodimers, bJun fused to the N-terminal
half of YFP and bFos fused to the C-terminal half, results
in strong fluorescence. A FRET assay for protein foldingin

ViVo has also been developed89 (Figure 27). In this assay
the gene for the fluorescent protein donor (BFP) is fused on
the 5′end of the coding sequence for the protein of interest
and the gene for the fluorescent protein acceptor (GFP) is
fused onto the 3′-end. Efficient FRET only occurs if the
protein is folded. It is interesting to note that cross-correlation

Figure 25. Schematic description of the YFP-fragment-based assay
showing the two halves of the fluorescent protein fused respectively
to one or the other leucine-zipper transcription factor. (Reprinted
with permission from ref 88. Copyright 2002 Elsevier.)

Figure 27. Schematic description of thein ViVo FRET-based assay
for protein folding using the naturally fluorescent proteins BFP and
GFP. FRET only occurs when the protein is in the folded state.
(Reprinted with permission from ref 89. Copyright 2003 Elsevier.)

Figure 28. Ribbon diagram of CRABP I showing a model of the
inserted FlaSH binding site. (Reprinted with permission from ref
90. Copyright 2004 National Academy of Sciences, U.S.A.)

Figure 26. Fluorescence image of a Cos-1 cell expressing p50
and p65 fusions with the N- and C-terminal halves of YFP,
respectively. (Reprinted with permission from ref 88. Copyright
2002 Elsevier.)
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studies by two-photon FCS could be used to distinguish
between unfolded protein and proteolysis because the FRET
in both cases (unfolded and proteolyzed protein) would be
low but the cross-correlation signal would only be significant
in the case of the unfolded protein, whereas in the case of
the cleaved products no cross-correlation should be observed.
Finally, a screen based on the enhancement of the fluores-
cence intensity of the FlaSH dye for which a site was
engineered into a turn of the mammalian cellular retinoic
acid binding protein I (CRABP I)90 (Figure 28) showed that
the cooperativity of urea-induced unfolding was higherin
ViVo and that large scale aggregation could be detectedin
ViVo with an aggregation prone mutant.

In addition to these screens to monitor the folding of test
proteins in ViVo, studies have been carried out that have
probed the folding, stability, and fate of particular proteins
in their physiologically relevant environments. For example,
using myosin fused to GFP, in combination with fluores-
cently labeled antibodies against partially folded forms of
the protein and against the heat shock protein Hsp90,
Srikakulam and Winkelmann91 were able to detect intermedi-
ates in myosin foldingin ViVo. They showed that in the
early stages of muscle differentiation, GFP-myosin accum-
ulates in bright globular foci and short filamentous struc-
tures that also contain Hsp90 (Figure 29) and Hsc70, and
that these structures also stain with conformationally sensitive
antibodies that recognize the unfolded conformation of the
motor domain and the coiled coil conformation of the rod
(Figure 30).

A number of other studies using fluorescent proteins have
appeared recently that report on the fate of proteins in cells.

These include a report on the interactions of rhodopsin with
chaperones,92 another on the coupled folding and binding
of the bacterial integration host factor subunitsR andâ,93 a
study on the translocation of proteins by the bacterial Tat
system,94 and one of protein degradation by the Clp Hsp100
ATPases.95 These examples demonstrate that much can be,
and surely will be, learned about protein folding in ViVo as
more tools become available. The challenge now is to push
the limits of our capabilities in order to make more detailed,
direct measurements of biophysical properties in cells. As
the molecular players in these processes continue to be
identified, biophysicists should concentrate on characterizing
their interactions and the dynamics of these assemblies in
the cell.

7. Conclusions

It is interesting to reflect upon the perceived popularity
of certain techniques, such as fluorescence, and how this
perception may change with time. In the early to mid 1990s,
fluorescence was considered by many to be an old technique,
not worth a great deal of resources and effort. Nonetheless,
it continued to be used in classical fashion, as well as truly
innovative ways, as can be seen from the reading of the
papers cited in this review. Over the past few years,
fluorescence has gained in popularity, as many of the new
approaches have become more widely known and appreci-
ated. Despite these variations in the level of appreciation, it
is important to bear in mind that the appropriate use of a
biophysical method (whatever it may be) requires the
existence of a field of study made up of generations of

Figure 29. Immunofluorescence microscopy of C2C12 cells expressing GFP-myosin (green channel, A) and Hsp90 antibody (red channel,
B) after fixation and staining. (Reprinted with permission from ref 91. Copyright 2004 The Company of Biologists Ltd.)

Figure 30. In paraformaldehyde fixed C2C12 cells the GFP-myosin is found in striated myofibrils and in folding intermediates (A). The
F59 antibody labels the intermediates (B), not the folded myofibrils (C). (Reprinted with permission from ref 91. Copyright 2004 The
Company of Biologists Ltd.)
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researchers who over time work together, argue over
approaches and results, and discuss new ideas and possibili-
ties. Whether the current trend for a technique is to use it
regardless of the circumstances or rather to decry its lack of
applicability, it is important to try to resist these trends and
to continue to carry out careful, yet state of the art
experiments, always pushing the limits of the technique in
question.

This said, given their many advantages, fluorescence
approaches will no doubt continue to be applied in the fields
of biophysics and biophysical chemistry for a very long time.
Although fluorescence does not provide detailed structural
information, its utility in defining structural dynamics and
molecular interactions place it at the top of the possible
methods that could be applied in addressing such questions.
Clearly, fluorescence, like any technique, should not be used
alone. Rather, its lack of capabilities on the structural level
should be compensated for by the use of complementary
approaches.
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